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The study of membrane proteins is undergoing a golden era, and we are gaining unprece-
dented knowledge on how this key group of proteins works. However, we still have only a
basic understanding of how the chemical composition and the physical properties of lipid
bilayers control the activity of membrane proteins. Single-molecule (SM) fluorescence
methods can resolve sample heterogeneity, allowing to discriminate between the different
molecular populations that biological systems often adopt. This short review highlights
relevant examples of how SM fluorescence methodologies can illuminate the different
ways in which lipids regulate the activity of membrane proteins. These studies are not
limited to lipid molecules acting as ligands, but also consider how the physical properties
of the bilayer can be determining factors on how membrane proteins function.

Cellular membranes are active solvents that contain
lipid ligands that interact with membrane proteins
Membrane and soluble proteins live in different environments. Soluble proteins are surrounded in all
directions by an aqueous solvent. This medium is homogeneous, and is believed to have similar prop-
erties throughout the cell [1]. However, the scenario for membrane proteins is more nuanced. This
type of protein contrasts with soluble proteins in multiple ways, the most defining difference being
that membrane proteins do not hide their hydrophobic residues in their interior. Instead, they specif-
ically expose lipophilic side chains into a belt-like region, typically at the center of the protein, known
as the transmembrane domain (TMD). As a result, membrane proteins are not stable in an aqueous
solution and require a lipid membrane to solvate the hydrophobic surface of the TMD. This is the
underlying principle that anchors membrane proteins to lipid bilayers and defines their cellular local-
ization and function.
Both hydrophobic (insoluble) and hydrophilic (soluble) ligands can bind to membrane proteins.

The domains of membrane proteins that lie outside the membrane, generally referred to as soluble
regions, carry out more critical cellular roles than could possibly be described in this short review.
Maybe the most emblematic function of membrane proteins is to bind soluble ligands at the extracel-
lular side of the membrane, and then transmit the information of the binding event across the bilayer
[2,3]. This process generally results in the recruitment of protein ligands and effectors to the intracel-
lular region that triggers signal amplification into the cytoplasm. The second large class of ligand
modulation involves lipid molecules. Lipids typically interact with the TMD of the target protein,
although in some cases they can also bind to soluble domains with transient or stable access to the
membrane [4]. This review will highlight relevant examples of the different ways that the lipid bilayer
can modulate the activity of membrane proteins.
Eukaryotic membrane proteins immerse themselves into intricate lipid solvents. This medium con-

sists of hundreds or thousands of different lipid molecules, depending on the cell type [5], which are
asymmetrically distributed across the two parallel lipid layers that form the membrane [6]. An
obvious consequence of such transversal lipid asymmetry is that the amino acids in contact with the
cytosolic leaflet interact with different lipids than those facing the extracellular medium (Figure 1A).
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For some membrane proteins, the key biological roles that lipid modulation play have been uncovered [7,8].
From the large diversity of lipid ligands, those that most commonly regulate membrane proteins are sterols,
like cholesterol (Chol) [9,10], and phosphorylated phosphoinositides (PI), particularly phosphatidylinositol
4,5-bisphosphate (PIP2) [11,12]. However, despite decades of work devoted to the study of protein–lipid inter-
actions [13], the general principles that define protein regulation by lipids have yet to emerge. This shortcoming
is likely linked to the fact that we still do not understand the function of many lipids or why membranes are so
heterogeneous.
A fact that would be useful not to dismiss is that lipid bilayers are liquid fluids. Bilayer fluidity, as well as

other lipid properties, are tightly controlled by the cell [14], underscoring their biological importance. Probably
the best-known example of how a physical characteristic of the lipid bilayer affects membrane proteins is the
average bilayer thickness. In fact, it has been found for multiple membrane proteins that optimal function is
only achieved when the thickness of the TMD matches that of the lipid molecules surrounding it [7]. The
mechanical properties of the bilayer are multi-faceted and can only be fully defined using a set of often inter-
dependent physical and material parameters. These include bilayer bending elasticity [15–18], area compress-
ibility modulus [19], membrane spontaneous curvature [20,21], bilayer inter-leaflet coupling [22], membrane
fluidity [23,24], membrane charge [5] and potentials [25,26], lateral pressure profile [27], membrane tension
[28], as well as the average bilayer thickness [29] and the amplitude and rate of thickness fluctuations [30]. We
are only beginning to unravel how these bilayer properties modulate membrane proteins (Figure 1B). It is also
important to note that the mechanical properties of membranes need to be optimized for proper membrane
protein insertion and stability, as recently reviewed in [31].
The wide range of membrane physical properties allow for proteins to be embedded in solvents with different

characteristics. We favor the view that bilayers act on membrane proteins as ‘active’ solvents. In contrast with
the aqueous medium, which plays a more passive role, although still certainly important. It seems intuitive that
evolution would have synergistically optimized the lipid environment where proteins operate in the cell.
Indeed, the lipid composition of membranes is different between eukaryotic membranes. As a few relevant
examples, in the cell there is a gradient of bilayer thickness: the plasma membrane has the thickest bilayer, the
Golgi apparatus has an intermediate thickness, and the ER membrane being the thinnest of them [32,33]. This
trend agrees with the TM domain thickness of the proteins in these membranes, and indeed proteins do dictate
the average membrane thickness [32]. Additionally, the cholesterol levels are higher in the plasma membrane

Figure 1. Lipids use different mechanisms to activate membrane proteins.

(A) The presence of the lipid ligand PIP2 (red), which is distributed asymmetrically across the lipid bilayer, can induce a

conformational change in a membrane protein (blue) that alters function. (B) A change in protein conformation, activity, and/or

dynamics can also occur when specific lipids (green) surround the TMD causing changes in the physical properties of the

protein solvent (marked as arrows).
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than in intracellular organelles [5]. Moreover, the membrane of different cellular organelles have characteristic
PIP compositions [34]. Taken together, such specific differences suggest that the overall composition of the
membrane as a solvent contributes to the adequate sorting and activity of membrane proteins, which are likely
optimized for the appropriate cellular localization for a given membrane protein.
Activation of membrane proteins often involves a conformational switch between different states [35]. As an

example, an X-ray solvent contrast modulation study of the Ca2+-ATPase, revealed dynamic coupling with lipid
molecules as the protein underwent large conformational changes during the reaction cycle [36]. It is likely that
this ATPase is not an exception, and that lipids can also modulate the dynamics of other membrane proteins.
As a result, studies that aim to determine how lipids regulate membrane proteins should include the ability to
study protein dynamics. Single-molecule (SM) fluorescence methods are ideally suited for this endeavor. As we
will describe next, several experimental modalities of this family of techniques allow us to identify and investi-
gate different conformational states of membrane proteins, and importantly also the dynamic parameters that
define the transitions between them.

Overview of single-molecule fluorescence methods
SM fluorescence provides discrete information from multiple copies of a molecule. The analysis of SM data can
identify and quantify different molecular states. Total internal reflection fluorescence (TIRF) microscopy pro-
vides insight at a SM level by overcoming some limitations of standard fluorescent microscopes. By restricting
incident light to a precise focal plane, out-of-focus light is reduced resulting in an enhanced signal-to-noise
ratio. This limited excitation plane allows for SM detection and effectively reduces photobleaching of fluores-
cent probes [37]. The constricted focal plane is achieved by generating an evanescent field, of ∼100 nm
(Figure 2A), which excites fluorophores at the interface of two materials with different refractive indices. There
are two main illumination pathways to generate the TIR phenomenon: prism and objective-based systems [38].
Prism-based TIRF microscopy will be used as an example in this review (Figure 2A), and is further described

Figure 2. Experimental diagram of TIRF single-molecule microscopy.

(A) Generalized TIRF microscope schematic. The magnified area shows a membrane protein isolated by detergent solubilization or reconstitution

using membrane-scaffolding proteins into nanodiscs (blue cylinders), styrene maleic acid for SMALPs (green band), and liposomes. (B) Example

fluorescent traces are shown for the main SM modalities: photobleaching, Förster resonance energy transfer (FRET), and protein-induced

fluorescence enhancement (PIFE). In FRET experiments, green lines denote the donor fluorescence and red traces correspond to the acceptor.
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in [37]. Samples are typically added to a liquid channel that lies between the slide and coverslip. As seen in the
magnified area of Figure 2A, proteins can be isolated and reconstituted using various methods [39–41], which
are not limited to those depicted. Compared with traditional approaches, SM methods can more accurately
inform on the structure and dynamic changes of membrane proteins at the molecular level. TIRF microscopy
can also be applied to study large protein complexes and image fluorescence in live cells [37,38]. This allows
tracking of individual molecules in cells, a powerful technique to study membrane proteins [42–46] that will
not be further described here due to space limitations.
A variety of established techniques can be coupled with TIRF microscopy to study protein complexes. One

example is probe photobleaching (Figure 2B, top). This approach monitors the step-wise fluorescence bleaching
that can reveal the oligomeric state of membrane proteins [47]. Förster resonance energy transfer (FRET) can
provide insights with SM resolution into protein conformational dynamics based on donor–accepter distance
changes [48–50] (Figure 2B, middle). A third important SM method is protein-induced fluorescence enhance-
ment (PIFE), where the fluorescence intensity of the dye informs on local structural changes (Figure 2B,
bottom) [51]. For example, Lamichhane et al. [52,53] reported a ground-breaking example of PIFE used to
detect dynamic changes in the activation of the β2 adrenergic receptor. Other powerful SM approaches include
fluorescence quenching [54,55] and surface-induced fluorescence attenuation [56]. We will describe next the
recent examples of how SM fluorescence can be used to reveal mechanistic insights into how lipids regulate the
activity of membrane proteins.

smFRET allows understanding of KirBac1.1 closure
induced by PIP2
Complementary SM approaches have been used to study KirBac1.1 using smFRET [48,49]. This ion channel is
a prokaryotic homolog of eukaryotic inward-rectifier potassium (Kir) channels. Kir channels regulate potassium
conductance at the membrane and therefore are critical for membrane homeostasis in pancreatic beta-cell
hormone secretion, regulation of membrane potential of nerve cells, and scores of other important cellular pro-
cesses [57]. The activity of Kir channels is modulated by PIP2, which causes marked activation of eukaryotic
channels. Paradoxically, this phosphoinositide is instead a strong inhibitor of prokaryotic KirBac channels.
While it is known that PIP2 causes closure of KirBac1.1, the dynamics of this process had only been studied
via ensemble methods, which are likely to overlook mechanistic clues of the conformational changes that occur
during channel closing.
The two SM studies [48,49] employed PIP2 to stabilize the closed state of the channel. One of the papers

reconstituted KirBac1.1 in lipid (POPE : POPG) nanodiscs using the MSP1E3D1 membrane scaffold protein [49].
Kir channels are homo-tetramers. Homo-oligomers present intrinsic challenges for FRET experiments due to
uncertainties in labeling stoichiometry. The solution used by Sadler et al. [49] to limit labeling to a single donor
and an acceptor fluorophore was to perform protein labeling using sub-stoichiometric amounts of both dyes
(lower than 1 in 1000 in molar equivalents). This strategy prevents the problem presented by the existence of
multiple dye labeling sites, which would complicate accurate data interpretation. Data were acquired using
confocal-in-solution alternating-laser excitation (ALEX) microscopy. This imaging technique requires no sample
attachment to the microscope slide and can identify dynamic equilibrium between different conformations due to
its high resolution. Studies of channel inhibition by PIP2 (by addition to the solution of 20 μM di-C8-PIP2) and
acidic conditions strongly supported a pore closure by the twist-to-shrink model of pore contraction and dilation.
These results agree with the conclusions of the second SM study with KirBac1.1 [48]. For this work, the

channel was reconstituted in liposomes doped with biotinylated lipid, which allowed the use of neutravidin
immobilization for prism-based TIRF imaging. In this case, controlled dye labeling was achieved by using a
concatenation strategy, consisting of cloning and expressing the tetramer as a contiguous polypeptide that lacks
several cysteine residues, to allow for single maleimide labeling of this residue (Figure 3A). Multiple conjuga-
tions schemes were carried out, allowing robust experimental data (Figure 3B). The FRET results indicate that
the cytoplasmic region fluctuates between two structural states that become less dynamic and separate from the
pore upon channel closing. Specifically, when PIP2 caused channel closure there was an increase in the channel
population with FRET efficiency of ∼0.15, and a reduction in the population with FRET ∼0.25 (Figure 3B).
Their data additionally showed that the extracellular region of the channel is structurally rigid in all cases. Both
papers are examples of how different techniques can investigate ion channel gating dynamics in relation to the
lipid environment at a SM level.
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PIP2 promotes specific dimerization of receptor tyrosine
kinases to stabilize the active conformation
The receptor tyrosine kinase (RTK) EphA2 is overexpressed in multiple cancers, including breast, prostate, and
pancreatic subtypes [58,59]. Loss of EphA2 ligands, like ephrinA1, is often associated with EphA2 overexpres-
sion, which can lead to poor cancer prognosis and high rates of metastasis. Therefore, EphA2 is a relevant
target candidate for cancer therapeutics. Two different activation mechanisms have been identified for this
receptor. EphA2 follows the canonical RTK activation mode, whereby binding of ephrinA ligands promotes
receptor dimerization which activates the intracellular kinase domain. In addition to this ligand-dependent acti-
vation mechanism, EphA2 can be activated in the absence of ligand through phosphorylation by intracellular
kinases [60–62]. This ligand-independent activation triggers an oncogenic signal, while the ligand-dependent
activation results in the opposite effect (Figure 4A).
The single TM domain of EphA2 participates in receptor dimerization, and the nearby juxtamembrane ( JM)

segment modulates the activity of the downstream kinase domain [3]. The TM region is believed to dimerize
using different conformations in the two activation modes, with different transmembrane crossing angles
(Figure 4A) [63,64]. We have recently used hydrophobic matching to stabilize these two alternate conforma-
tions with a peptide that contains the TM domain and a portion of the JM segment (known as TMJM EphA2)
[65]. We observed that thin bilayers, consisting of the lipid 14 : 1-PC, stabilize the ligand-dependent conform-
ation while in thicker bilayers (22 : 1-PC) a lower crossing angle is observed, in agreement with the
ligand-independent (oncogenic) conformation [47]. Experiments of TMJM EphA2 using lipid vesicles were
complemented with SM photobleaching studies. This approach quantified dimer formation in the two alterna-
tive conformations. For these studies, TMJM EphA2 was incorporated into lipid nanodiscs formed using the
copolymer styrene maleic acid (SMA) to form SMA lipid particles (SMALPs). The SM results indicate that the
peptide is in a monomer–dimer equilibrium in both bilayers (Figure 4C). Interestingly, dimerization was pro-
moted by 3% PIP2, but only in the oncogenic conformation stabilized in 22 : 1 PC bilayers. In contrast, 10%
phosphatidylserine (PS), the negatively charged lipid that is most abundant in human cells, caused no signifi-
cant impact on dimerization [47]. These results suggest that PIP2 specifically modulates the activity of EphA2,
probably by electrostatic attraction with basic residues in the JM segment. Stabilization of the dimer by PIP2
might prevent oncogenic signaling by EphA2, as the monomer is the pro-oncogenic EphA2 species [66].
The Sako group reported that PIP2 also promotes TM dimerization in a second RTK, the epidermal growth

factor receptor (EGFR) [67]. EGFR is a driver of cell proliferation and differentiation, and its misregulation can
cause tumor malignancy [68]. smFRET experiments were performed in MSP nanodiscs for an EGFR TMJM
peptide labeled with a FRET donor/acceptor pair. The sensitivity of the technique revealed that the JM region
adopts different intermediate conformations en route to dimerization. The dynamics of the FRET traces
allowed to measure the rate constant for the transition between the different states. The authors observed that
∼5% PIP2 increases the transition rate constant from the intermediate to the dimeric conformation. 30% PS

Figure 3. KirBac1.1 closure is induced by PIP2.

(A) The red arrow marks the distance between the cysteine residues where the donor and acceptor dyes are located (T120C and A270C, shown as

red dots). The graphs show raw fluorescence and FRET (dark blue). Data are shown for control conditions (top), and in the presence of PIP2

(bottom). (B) FRET contour plots show that when the channel is closed by PIP2, there is an increase in the distance between the TMD and

C-terminus domain, revealed as an increase in the channel population with a FRET efficiency of ∼0.15. Experiments were performed in liposomes of

POPE : POPG (3 : 1) in the presence of 1% PIP2. Figure modified from [48] with permission.
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caused a different effect, as it instead stabilized an intermediate state. The paper also investigated the effect of
phosphorylation in JM residue Thr654, which reduces kinase activity. The results provide a molecular rationale
for this effect, as this post-translational modification reduced dimerization. Since phosphorylation reduces the
basic nature of the JM segment, a dynamic interplay between this event and changes in acidic lipid composition
is expected to bias the monomer/dimer equilibrium, and thus the activation of EGFR. It is interesting that both
the studies for EphA2 and EGFR show clear differences between the effect of binding to the JM of PIP2 and
PS. This agreement suggests that the interaction between the conserved positively charged JM residues [69] and
negatively charged lipids is not a simple electrostatic attraction. Indeed, the data point to a more nuanced scen-
ario, where PS acts as ‘partial agonist’, and the full effect is only achieved for PIP2, probably due to its higher
charge density.

The dimerization into the native conformation of a
transporter is determined by lipid defects
The forces that determine membrane protein oligomerization have remained elusive due in part to the lack of
robust experimental systems that can accurately quantify membrane protein association. To elucidate the revers-
ible equilibrium interaction of proteins in a lipid membrane, the Robertson group used SM photobleaching to
study the dimerization of the Escherichia coli Cl−/H+ antiporter, CLC-ec1 [70]. CLC-ec1 homodimerizes
through a non-polar dimerization interface composed mainly of isoleucine and leucine residues. To determine
the effect of tryptophan substitutions on the dimerization equilibrium in membranes, the authors labeled three
CLC-ec1 species. The wild type (WT) subunit was modified so that a partially buried cysteine was more access-
ible for conjugation with Cy5-maleimide (C85A/H234C), and the interface tryptophan mutations W (I422W)
and WW (I201W/I422W) were evaluated. Each construct was reconstituted in 2 : 1 POPE/POPG (both with
16 : 0–18 : 1 acyl chains) membrane vesicles and immobilized at various mole fractions to measure as a function
of density the population of monomer, dimer, or larger oligomers. TIRF microscopy coupled with SM bleach-
ing analysis was used to measure the probability of oligomer populations per vesicle. It was possible to quantify
the equilibrium dimerization free energy by diluting the CLC-ec1 subunit and measuring the shift in monomer
and dimer populations. The rationale was that if the system exhibits a state of dynamic equilibrium, then the
dilution of the transporter will shift the system to the monomeric state. SM analysis of CLC-ec1 WT showed a
dependent relationship between the oligomeric state and the subunit/lipid mole fraction. The comparison of

Figure 4. EphA2 signaling is determined by ligand and lipid interactions.

(A) Two alternate EphA2 activation mechanisms. (B) Transmembrane domain crossing angles of EphA2 in thin (14 : 1 PC) and thick (22 : 1 PC)

bilayers. (C) Single-molecule photobleaching of fluorescently conjugated TMJM EphA2 in SMALPs. Quantification of TMD monomers (left) and

dimers (middle) indicate a monomer-dimer equilibrium (right). Adapted from [35] with permission.
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the free energy of dimerization for the W and WW mutants confirmed that this substitution at the protein–
protein interface destabilizes the dimer, with the WW mutation imposing a greater effect.
The same method was recently used to further investigate the driving forces underlying membrane protein

association in membranes. Specifically, a follow up study by the same laboratory [71] extended the use of their
SM photobleaching approach to elucidate the molecular basis of why CLC-ec1 is found as a dimer in cells. The
CLC-ec1 narrow dimerization interface is composed of four short α-helices (Figure 5A,B). This interface has a
reduced hydrophobic thickness compared with the rest of the protein (Figure 5B). Molecular dynamic simula-
tions of a CLC-ec1 monomer revealed that the membrane locally deforms at the thin dimerization interface
(Figure 5C). To reduce the resulting hydrophobic mismatch, the lipids in contact with the exposed dimerization
interface undergo a massive rearrangement, in what is generally referred to as a membrane defect. Specifically,
the lipid acyl chains tilt and reduce their packing, allowing interdigitation between the lipid tails of the two
membrane monolayers and increased water penetration into the bilayer core. Such lipid rearrangement mini-
mizes the energetic cost of thinning the hydrophobic belt of the transporter.
The authors reasoned that the addition of short-chain lipids to the membrane should destabilize CLC-ec1

dimerization, by means of a reduction in hydrophobic mismatch. Their data show that a short-chain lipid
(with C12 : 0 chains, and of the same lipid headgroup composition) efficiently localized into the membrane
defects caused by the protein. As a result of this lipid heterogeneity, the monomer-dimer free energy balance
was altered resulting in strong stabilization of the CLC-ec1 monomer. This study highlights how the dimeriza-
tion of a membrane protein can be driven by the properties of the lipids that solvate it. These results indicate
the intriguing possibility that lipids with lower propensity to form bilayers can regulate membrane protein self-
assembly by alleviation of hydrophobic mismatch. Therefore, mechanisms might exist by which changes in
lipid composition, caused by cellular processes, dietary changes or even infection, could specifically alter the
activity of transporters and possibly other membrane proteins. These modulatory effects could extend to the
stabilization or destabilization of particular signaling states where even transient conformational changes result
in changes in the hydrophobic thickness of the protein.

Perspectives
• Membrane proteins reside in a complex lipid environment. The composition of this medium

plays vital roles in the regulation of membrane proteins, influences cell signaling and can con-
tribute to disease progression. However, the exact mechanisms of how lipids regulate mem-
brane proteins remain unknown.

Figure 5. Lipid solvation controls the dimerization of the CLC-ec1 transporter.

(A) Dimerization of CLC-ec1 is mediated by a small protein interface, showed in green and blue for each monomer. Arrows indicate the pathways for

Cl− and H+ transport. The hydrophobic core of the membrane is shown in yellow, and the hydrated regions in cyan. (B) Side view of the interface

can be observed when the figure in (A) is rotated, and a monomer removed. The dashed red lines mark the hydrophobic surface, which show two

polar pockets (red arrows) that cause membrane defects. (C) Molecular dynamics simulation of CLC-ec1 shows acyl chain deformation around the

transporter dimerization interface, resulting in local bilayer thinning. Data are shown for a monomer, with interface helices in yellow. Figure modified

from [71] with permission.
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• SM methods are elucidating key lipid–protein interactions that induce changes in the dynam-
ics, folding, structure and oligomerization of membrane proteins, all of which can lead to
altered function.

• Determination of the mechanisms that lipids employ to modulate the activity of model mem-
brane proteins could allow for the generation of models. Identifying such rules might allow to
predict how the changes in lipid composition that often result from signaling events will
impact the biological processes that membrane proteins control.

Competing Interests
The authors declare that there are no competing interests associated with the manuscript.

Author Contributions
All authors contributed to the writing and editing of the manuscript.

Funding
This work was supported by the National Institutes of Health grant R35GM140846 (to F.N.B).

Acknowledgements
We thank Rajan Lamichhane (University of Tennessee) for critical advice on the review and expertise in
single-molecule fluorescence, and Rana Ashkar (Virginian Tech) for fruitful discussions on the physical properties
of membranes. We also thank Charles (Boomer) Russell for comments on the manuscript. Figures 1, 2, and the
cartoons in Figure 4 were prepared using BioRender.com.

Abbreviation
ALEX, alternating-laser excitation microscopy; Chol, cholesterol; CLC-ec1, chloride channel protein-Escherichia
coli 1; Cryo-EM, cryogenic electron microscopy; EGFR, epidermal growth factor receptor; EphA2, ephrin type-A
receptor 2; FRET, Förster resonance energy transfer; JM, juxtamembrane; MLVs, multilamellar vesicles; MSP,
membrane-scaffolding proteins; PC, phosphatidylcholine; PI, phosphoinositide; PIFE, protein-induced
fluorescence enhancement; PIP, phosphatidylinositol phosphate; PIP2, phosphatidylinositol 4,5-bisphosphate;
POPE, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphatidylethanolamine; POPG,
1-palmitoyl-2-oleoyl-sn-glycero-3-phosphatidylglycerol; PS, phosphatidylserine; RTK, receptor tyrosine kinase;
SM, single molecule; SMALPs, styrene maleic acid lipid particles; smFRET, single-molecule förster resonance
energy transfer; TIR, total internal reflection; TIRF, total internal reflection fluorescence; TM, transmembrane;
TMD, transmembrane domain; WT, wild type

References
1 Persson, E. and Halle, B. (2008) Cell water dynamics on multiple time scales. Proc. Natl Acad. Sci. U.S.A. 105, 6266–6271 https://doi.org/10.1073/

pnas.0709585105
2 Westerfield, J.M. and Barrera, F.N. (2020) Membrane receptor activation mechanisms and transmembrane peptide tools to elucidate them. J. Biol.

Chem. 295, 1792–1814 https://doi.org/10.1074/jbc.REV119.009457
3 Lemmon, M.A. and Schlessinger, J. (2010) Cell signaling by receptor tyrosine kinases. Cell 141, 1117–1134 https://doi.org/10.1016/j.cell.2010.06.

011
4 Byrne, E.F.X., Sircar, R., Miller, P.S., Hedger, G., Luchetti, G., Nachtergaele, S. et al. (2016) Structural basis of smoothened regulation by its

extracellular domains. Nature 535, 517–522 https://doi.org/10.1038/nature18934
5 van Meer, G. and de Kroon, A.I. (2011) Lipid map of the mammalian cell. J. Cell Sci. 124(Pt 1), 5–8 https://doi.org/10.1242/jcs.071233
6 Lorent, J.H., Levental, K.R., Ganesan, L., Rivera-Longsworth, G., Sezgin, E., Doktorova, M. et al. (2020) Plasma membranes are asymmetric in lipid

unsaturation, packing and protein shape. Nat. Chem. Biol. 16, 644–652 https://doi.org/10.1038/s41589-020-0529-6
7 Andersen, O.S. and Koeppe, R.E. (2007) Bilayer thickness and membrane protein function: an energetic perspective. Annu. Rev. Biophys. Biomol.

Struct. 36, 107–130 https://doi.org/10.1146/annurev.biophys.36.040306.132643
8 de Planque, M.R., Goormaghtigh, E., Greathouse, D.V., Koeppe, R.E., Kruijtzer, J.A., Liskamp, R.M. et al. (2001) Sensitivity of single

membrane-spanning alpha-helical peptides to hydrophobic mismatch with a lipid bilayer: effects on backbone structure, orientation, and extent of
membrane incorporation. Biochemistry 40, 5000–5010 https://doi.org/10.1021/bi000804r

© 2021 The Author(s). Published by Portland Press Limited on behalf of the Biochemical Society1692

Biochemical Society Transactions (2021) 49 1685–1694
https://doi.org/10.1042/BST20201074

D
ow

nloaded from
 http://portlandpress.com

/biochem
soctrans/article-pdf/49/4/1685/919840/bst-2020-1074c.pdf by U

niversity of Alberta user on 01 June 2022

https://doi.org/10.1073/pnas.0709585105
https://doi.org/10.1073/pnas.0709585105
https://doi.org/10.1074/jbc.REV119.009457
https://doi.org/10.1016/j.cell.2010.06.011
https://doi.org/10.1016/j.cell.2010.06.011
https://doi.org/10.1038/nature18934
https://doi.org/10.1242/jcs.071233
https://doi.org/10.1038/s41589-020-0529-6
https://doi.org/10.1038/s41589-020-0529-6
https://doi.org/10.1038/s41589-020-0529-6
https://doi.org/10.1038/s41589-020-0529-6
https://doi.org/10.1146/annurev.biophys.36.040306.132643
https://doi.org/10.1021/bi000804r


9 Pinkwart, K., Schneider, F., Lukoseviciute, M., Sauka-Spengler, T., Lyman, E., Eggeling, C. et al. (2019) Nanoscale dynamics of cholesterol in the cell
membrane. J. Biol. Chem. 294, 12599–12609. https://doi.org/10.1074/jbc.RA119.009683

10 Lingwood, D., Binnington, B., Rog, T., Vattulainen, I., Grzybek, M., Coskun, U. et al. (2011) Cholesterol modulates glycolipid conformation and receptor
activity. Nat. Chem. Biol. 7, 260–262 https://doi.org/10.1038/nchembio.551

11 Duncan, A.L., Song, W. and Sansom, M.S.P. (2020) Lipid-dependent regulation of ion channels and G protein-coupled receptors: insights from
structures and simulations. Annu. Rev. Pharmacol. Toxicol. 60, 31–50 https://doi.org/10.1146/annurev-pharmtox-010919-023411

12 Harraz, O.F., Longden, T.A., Hill-Eubanks, D. and Nelson, M.T. (2018) PIP2 depletion promotes TRPV4 channel activity in mouse brain capillary
endothelial cells. eLlife 7, e38689 https://doi.org/10.7554/eLife.38689

13 Barrera, F.N., Alcaraz, L.A., Hurtado-Gomez, E. and Neira, J.L. (2008) Into the lipid realm: stability and thermodynamics of membrane proteins. Curr.
Protein Pept. Sci. 9, 626–637 https://doi.org/10.2174/138920308786733949

14 Harland, C.W., Bradley, M.J. and Parthasarathy, R. (2010) Phospholipid bilayers are viscoelastic. Proc. Natl Acad. Sci. U.S.A. 107, 19146–19150
https://doi.org/10.1073/pnas.1010700107

15 Usery, R.D., Enoki, T.A., Wickramasinghe, S.P., Nguyen, V.P., Ackerman, D.G., Greathouse, D.V. et al. (2018) Membrane bending moduli of coexisting
liquid phases containing transmembrane peptide. Biophys. J. 114, 2152–2164 https://doi.org/10.1016/j.bpj.2018.03.026

16 Chakraborty, S., Doktorova, M., Molugu, T.R., Heberle, F.A., Scott, H.L., Dzikovski, B. et al. (2020) How cholesterol stiffens unsaturated lipid
membranes. Proc. Natl Acad. Sci. U.S.A. 117, 21896–21905 https://doi.org/10.1073/pnas.2004807117

17 Bouvrais, H., Meleard, P., Pott, T., Jensen, K.J., Brask, J. and Ipsen, J.H. (2008) Softening of POPC membranes by magainin. Biophys. Chem. 137,
7–12 https://doi.org/10.1016/j.bpc.2008.06.004

18 Kinnun, J.J., Scott, H.L., Ashkar, R. and Katsaras, J. (2021) Biomembrane structure and material properties studied with neutron scattering. Front.
Chem. 9, 642851 https://doi.org/10.3389/fchem.2021.642851

19 Chen, Z. and Rand, R.P. (1997) The influence of cholesterol on phospholipid membrane curvature and bending elasticity. Biophys. J. 73, 267–276
https://doi.org/10.1016/S0006-3495(97)78067-6

20 Rosholm, K.R., Leijnse, N., Mantsiou, A., Tkach, V., Pedersen, S.L., Wirth, V.F. et al. (2017) Membrane curvature regulates ligand-specific membrane
sorting of GPCRs in living cells. Nat. Chem. Biol. 13, 724–729 https://doi.org/10.1038/nchembio.2372

21 Shchelokovskyy, P., Tristram-Nagle, S. and Dimova, R. (2011) Effect of the HIV-1 fusion peptide on the mechanical properties and leaflet coupling of
lipid bilayers. New. J. Phys. 13, 25004 https://doi.org/10.1088/1367-2630/13/2/025004

22 Zhang, S. and Lin, X. (2019) Lipid acyl chain cis double bond position modulates membrane domain registration/anti-registration. J. Am. Chem. Soc.
141, 15884–15890 https://doi.org/10.1021/jacs.9b06977

23 Barrera, F.N., Fendos, J. and Engelman, D.M. (2012) Membrane physical properties influence transmembrane helix formation. Proc. Natl Acad. Sci. U.S.
A. 109, 14422–14427 https://doi.org/10.1073/pnas.1212665109

24 McIntosh, T.J. and Simon, S.A. (2006) Roles of bilayer material properties in function and distribution of membrane proteins. Annu. Rev. Biophys.
Biomol. Struct. 35, 177–198 https://doi.org/10.1146/annurev.biophys.35.040405.102022

25 Starke-Peterkovic, T., Turner, N., Vitha, M.F., Waller, M.P., Hibbs, D.E. and Clarke, R.J. (2006) Cholesterol effect on the dipole potential of lipid
membranes. Biophys. J. 90, 4060–4070 https://doi.org/10.1529/biophysj.105.074666

26 Brockman, H. (1994) Dipole potential of lipid membranes. Chem. Phys. Lipids 73, 57–79 https://doi.org/10.1016/0009-3084(94)90174-0
27 Van Den Brink-Van Der, L., Chupin, V., Killian, J.A. and de Kruijff, B. (2004) Stability of KcsA tetramer depends on membrane lateral pressure.

Biochemistry 43, 4240–4250 https://doi.org/10.1021/bi036129d
28 Pontes, B., Monzo, P. and Gauthier, N.C. (2017) Membrane tension: a challenging but universal physical parameter in cell biology. Semin. Cell Dev. Biol.

71, 30–41 https://doi.org/10.1016/j.semcdb.2017.08.030
29 Lewis, B.A. and Engelman, D.M. (1983) Lipid bilayer thickness varies linearly with acyl chain length in fluid phosphatidylcholine vesicles. J. Mol. Biol.

166, 211–217 https://doi.org/10.1016/S0022-2836(83)80007-2
30 Ashkar, R., Nagao, M., Butler, P.D., Woodka, A.C., Sen, M.K. and Koga, T. (2015) Tuning membrane thickness fluctuations in model lipid bilayers.

Biophys. J. 109, 106–112 https://doi.org/10.1016/j.bpj.2015.05.033
31 Corin, K. and Bowie, J.U. (2020) How bilayer properties influence membrane protein folding. Protein Sci. 29, 2348–2362 https://doi.org/10.1002/pro.

3973
32 Mitra, K., Ubarretxena-Belandia, I., Taguchi, T., Warren, G. and Engelman, D.M. (2004) Modulation of the bilayer thickness of exocytic pathway

membranes by membrane proteins rather than cholesterol. Proc. Natl Acad. Sci. U.S.A. 101, 4083–4088 https://doi.org/10.1073/pnas.0307332101
33 Sharpe, H.J., Stevens, T.J. and Munro, S. (2010) A comprehensive comparison of transmembrane domains reveals organelle-specific properties. Cell

142, 158–169 https://doi.org/10.1016/j.cell.2010.05.037
34 Harayama, T. and Riezman, H. (2018) Understanding the diversity of membrane lipid composition. Nat. Rev. Mol. Cell Biol. 19, 281–296 https://doi.org/

10.1038/nrm.2017.138
35 Liauw, B.W., Afsari, H.S. and Vafabakhsh, R. (2021) Conformational rearrangement during activation of a metabotropic glutamate receptor. Nat. Chem.

Biol. 17, 291–297 https://doi.org/10.1038/s41589-020-00702-5
36 Norimatsu, Y., Hasegawa, K., Shimizu, N. and Toyoshima, C. (2017) Protein-phospholipid interplay revealed with crystals of a calcium pump. Nature

545, 193–198 https://doi.org/10.1038/nature22357
37 Kudalkar, E.M., Davis, T.N. and Asbury, C.L. (2016) Single-molecule total internal reflection fluorescence microscopy. Cold Spring Harb. Protoc. 2016,

pdb.top077800-pdb.top https://doi.org/10.1101/pdb.top077800
38 Yildiz, A. and Vale, R.D. (2015) Total internal reflection fluorescence microscopy. Cold Spring Harb. Protoc. 2015, pdb.top086348 https://doi.org/10.

1101/pdb.top086348
39 Encinar, J.A., Molina, M.L., Poveda, J.A., Barrera, F.N., Renart, M.L., Fernandez, A.M. et al. (2005) The influence of a membrane environment on the

structure and stability of a prokaryotic potassium channel, KcsA. FEBS Lett. 579, 5199–5204 https://doi.org/10.1016/j.febslet.2005.08.038
40 Lee, S.C., Knowles, T.J., Postis, V.L., Jamshad, M., Parslow, R.A., Lin, Y.P. et al. (2016) A method for detergent-free isolation of membrane proteins in

their local lipid environment. Nat. Protoc. 11, 1149–1162 https://doi.org/10.1038/nprot.2016.070

© 2021 The Author(s). Published by Portland Press Limited on behalf of the Biochemical Society 1693

Biochemical Society Transactions (2021) 49 1685–1694
https://doi.org/10.1042/BST20201074

D
ow

nloaded from
 http://portlandpress.com

/biochem
soctrans/article-pdf/49/4/1685/919840/bst-2020-1074c.pdf by U

niversity of Alberta user on 01 June 2022

https://doi.org/10.1074/jbc.RA119.009683
https://doi.org/10.1038/nchembio.551
https://doi.org/10.1146/annurev-pharmtox-010919-023411
https://doi.org/10.1146/annurev-pharmtox-010919-023411
https://doi.org/10.1146/annurev-pharmtox-010919-023411
https://doi.org/10.1146/annurev-pharmtox-010919-023411
https://doi.org/10.7554/eLife.38689
https://doi.org/10.2174/138920308786733949
https://doi.org/10.1073/pnas.1010700107
https://doi.org/10.1016/j.bpj.2018.03.026
https://doi.org/10.1073/pnas.2004807117
https://doi.org/10.1016/j.bpc.2008.06.004
https://doi.org/10.3389/fchem.2021.642851
https://doi.org/10.1016/S0006-3495(97)78067-6
https://doi.org/10.1016/S0006-3495(97)78067-6
https://doi.org/10.1016/S0006-3495(97)78067-6
https://doi.org/10.1038/nchembio.2372
https://doi.org/10.1088/1367-2630/13/2/025004
https://doi.org/10.1088/1367-2630/13/2/025004
https://doi.org/10.1021/jacs.9b06977
https://doi.org/10.1073/pnas.1212665109
https://doi.org/10.1146/annurev.biophys.35.040405.102022
https://doi.org/10.1529/biophysj.105.074666
https://doi.org/10.1016/0009-3084(94)90174-0
https://doi.org/10.1016/0009-3084(94)90174-0
https://doi.org/10.1016/0009-3084(94)90174-0
https://doi.org/10.1021/bi036129d
https://doi.org/10.1016/j.semcdb.2017.08.030
https://doi.org/10.1016/S0022-2836(83)80007-2
https://doi.org/10.1016/S0022-2836(83)80007-2
https://doi.org/10.1016/S0022-2836(83)80007-2
https://doi.org/10.1016/j.bpj.2015.05.033
https://doi.org/10.1002/pro.3973
https://doi.org/10.1002/pro.3973
https://doi.org/10.1073/pnas.0307332101
https://doi.org/10.1016/j.cell.2010.05.037
https://doi.org/10.1038/nrm.2017.138
https://doi.org/10.1038/nrm.2017.138
https://doi.org/10.1038/s41589-020-00702-5
https://doi.org/10.1038/s41589-020-00702-5
https://doi.org/10.1038/s41589-020-00702-5
https://doi.org/10.1038/s41589-020-00702-5
https://doi.org/10.1038/nature22357
https://doi.org/10.1101/pdb.top077800
https://doi.org/10.1101/pdb.top086348
https://doi.org/10.1101/pdb.top086348
https://doi.org/10.1016/j.febslet.2005.08.038
https://doi.org/10.1038/nprot.2016.070


41 Columbus, L., Lipfert, J., Jambunathan, K., Fox, D.A., Sim, A.Y.L., Doniach, S. et al. (2009) Mixing and matching detergents for membrane protein
NMR structure determination. J. Am. Chem. Soc. 131, 7320–7326 https://doi.org/10.1021/ja808776j

42 Asher, W.B., Geggier, P., Holsey, M.D., Gilmore, G.T., Pati, A.K., Meszaros, J. et al. (2021) Single-molecule FRET imaging of GPCR dimers in living
cells. Nat. Methods 18, 397–405 https://doi.org/10.1038/s41592-021-01081-y

43 Chung, I. (2017) Optical measurement of receptor tyrosine kinase oligomerization on live cells. Biochim. Biophys. Acta Biomembr. 1859, 1436–1444
https://doi.org/10.1016/j.bbamem.2017.03.026

44 Lin, C.Y., Huang, J.Y. and Lo, L.W. (2015) Unraveling the impact of lipid domains on the dimerization processes of single-molecule EGFRs of live cells.
Biochim. Biophys. Acta 1848, 886–893 https://doi.org/10.1016/j.bbamem.2014.12.019

45 Lin, C.Y., Huang, J.Y. and Lo, L.W. (2014) Energetic modeling and single-molecule verification of dynamic regulation on receptor complexes by actin
corrals and lipid raft domains. J. Chem. Phys. 141, 215102 https://doi.org/10.1063/1.4902985

46 Orr, G., Hu, D., Ozcelik, S., Opresko, L.K., Wiley, H.S. and Colson, S.D. (2005) Cholesterol dictates the freedom of EGF receptors and HER2 in the plane
of the membrane. Biophys. J. 89, 1362–1373 https://doi.org/10.1529/biophysj.104.056192

47 Stefanski, K.M., Russell, C.M., Westerfield, J.M., Lamichhane, R. and Barrera, F.N. (2020) PIP2 promotes conformation-specific dimerization of the
EphA2 membrane region. J. Biol. Chem. 296, 100149. https://doi.org/10.1074/jbc.RA120.016423

48 Wang, S., Vafabakhsh, R., Borschel, W.F., Ha, T. and Nichols, C.G. (2016) Structural dynamics of potassium-channel gating revealed by single-molecule
FRET. Nat. Struct. Mol. Biol. 23, 31–36 https://doi.org/10.1038/nsmb.3138

49 Sadler, E.E., Kapanidis, A.N. and Tucker, S.J. (2016) Solution-based single-molecule FRET studies of K(+) channel gating in a lipid bilayer. Biophys. J.
110, 2663–2670 https://doi.org/10.1016/j.bpj.2016.05.020

50 Gregorio, G.G., Masureel, M., Hilger, D., Terry, D.S., Juette, M., Zhao, H. et al. (2017) Single-molecule analysis of ligand efficacy in beta2AR-G-protein
activation. Nature 547, 68–73 https://doi.org/10.1038/nature22354

51 Hwang, H. and Myong, S. (2014) Protein induced fluorescence enhancement (PIFE) for probing protein-nucleic acid interactions. Chem. Soc. Rev. 43,
1221–1229 https://doi.org/10.1039/C3CS60201J

52 Lamichhane, R., Liu, J.J., Pljevaljcic, G., White, K.L., van der Schans, E., Katritch, V. et al. (2015) Single-molecule view of basal activity and activation
mechanisms of the G protein-coupled receptor β2AR. Proc. Natl Acad. Sci. U.S.A. 112, 14254–14259 https://doi.org/10.1073/pnas.1519626112

53 Lamichhane, R., Liu, J.J., White, K.L., Katritch, V., Stevens, R.C., Wuthrich, K. et al. (2020) Biased signaling of the G-protein-coupled receptor beta2AR
is governed by conformational exchange kinetics. Structure 28, 371–377.e3 https://doi.org/10.1016/j.str.2020.01.001

54 Hou, W.Q., Ma, D.F., He, X.L., Han, W.J., Ma, J.B., Wang, H. et al. (2021) Subnanometer-precision measurements of transmembrane motions of
biomolecules in plasma membranes using quenchers in extracellular environment. Nano Lett. 21, 485–491 https://doi.org/10.1021/acs.nanolett.
0c03941

55 Altrichter, S., Haase, M., Loh, B., Kuhn, A. and Leptihn, S. (2017) Mechanism of the spontaneous and directional membrane insertion of a
2-transmembrane ion channel. ACS Chem. Biol. 12, 380–388 https://doi.org/10.1021/acschembio.6b01085

56 Li, Y., Qian, Z.Y., Ma, L., Hu, S.X., Nong, D.G., Xu, C.H. et al. (2016) Single-molecule visualization of dynamic transitions of pore-forming peptides
among multiple transmembrane positions. Nat. Commun. 7, 12906 https://doi.org/10.1038/ncomms12906

57 Hibino, H., Inanobe, A., Furutani, K., Murakami, S., Findlay, I. and Kurachi, Y. (2010) Inwardly rectifying potassium channels: their structure, function,
and physiological roles. Physiol. Rev. 90, 291–366 https://doi.org/10.1152/physrev.00021.2009

58 Park, J.E., Son, A.I. and Zhou, R. (2013) Roles of EphA2 in development and disease. Genes (Basel) 4, 334–357 https://doi.org/10.3390/
genes4030334

59 Tandon, M., Vemula, S.V. and Mittal, S.K. (2011) Emerging strategies for EphA2 receptor targeting for cancer therapeutics. Expert Opin. Ther. Targets
15, 31–51 https://doi.org/10.1517/14728222.2011.538682

60 Barquilla, A., Lamberto, I., Noberini, R., Heynen-Genel, S., Brill, L.M. and Pasquale, E.B. (2016) Protein kinase A can block EphA2 receptor-mediated
cell repulsion by increasing EphA2 S897 phosphorylation. Mol. Biol. Cell 27, 2757–2770 https://doi.org/10.1091/mbc.e16-01-0048

61 Miao, H., Li, D.-Q., Mukherjee, A., Guo, H., Petty, A., Cutter, J. et al. (2009) Epha2 mediates ligand-dependent inhibition and ligand-independent
promotion of cell migration and invasion via a reciprocal regulatory loop with Akt. Cancer Cell 16, 9–20 https://doi.org/10.1016/j.ccr.2009.04.009

62 Zhou, Y., Yamada, N., Tanaka, T., Hori, T., Yokoyama, S., Hayakawa, Y. et al. (2015) Crucial roles of RSK in cell motility by catalysing serine
phosphorylation of EphA2. Nat. Commun. 6, 7679 https://doi.org/10.1038/ncomms8679

63 Sharonov, G.V., Bocharov, E.V., Kolosov, P.M., Astapova, M.V., Arseniev, A.S. and Feofanov, A.V. (2014) Point mutations in dimerization motifs of the
transmembrane domain stabilize active or inactive state of the EphA2 receptor tyrosine kinase. J. Biol. Chem. 289, 14955–14964 https://doi.org/10.
1074/jbc.M114.558783

64 Bocharov, E.V., Mayzel, M.L., Volynsky, P.E., Mineev, K.S., Tkach, E.N., Ermolyuk, Y.S. et al. (2010) Left-handed dimer of EphA2 transmembrane
domain: helix packing diversity among receptor tyrosine kinases. Biophys. J. 98, 881–889 https://doi.org/10.1016/j.bpj.2009.11.008

65 Alves, D.S., Westerfield, J.M., Shi, X., Nguyen, V.P., Stefanski, K.M., Booth, K.R. et al. (2018) A novel pH-dependent membrane peptide that binds to
EphA2 and inhibits cell migration. eLife 7, e36645 https://doi.org/10.7554/eLife.36645

66 Singh, D.R., Ahmed, F., King, C., Gupta, N., Salotto, M., Pasquale, E.B. et al. (2015) Epha2 receptor unliganded dimers suppress EphA2
pro-tumorigenic signaling. J. Biol. Chem. 290, 27271–27279 https://doi.org/10.1074/jbc.M115.676866

67 Maeda, R., Sato, T., Okamoto, K., Yanagawa, M. and Sako, Y. (2018) Lipid-protein interplay in dimerization of juxtamembrane domains of epidermal
growth factor receptor. Biophys. J. 114, 893–903 https://doi.org/10.1016/j.bpj.2017.12.029

68 Ciardiello, F. and Tortora, G. (2008) EGFR antagonists in cancer treatment. N. Engl. J. Med. 358, 1160–1174 https://doi.org/10.1056/NEJMra0707704
69 Hedger, G., Sansom, M.S.P. and Koldso, H. (2015) The juxtamembrane regions of human receptor tyrosine kinases exhibit conserved interaction sites

with anionic lipids. Sci. Rep. 5, 9198 https://doi.org/10.1038/srep09198
70 Chadda, R., Krishnamani, V., Mersch, K., Wong, J., Brimberry, M., Chadda, A. et al. (2016) The dimerization equilibrium of a ClC Cl(-)/H(+) antiporter in

lipid bilayers. eLife 5, e17438 https://doi.org/10.7554/eLife.17438
71 Chadda, R., Bernhardt, N., Kelley, E.G. Teixeira, S.C.M., Griffith, K., Gil-Ley, A. et al. (2021) Membrane transporter dimerization driven by differential

lipid solvation energetics of dissociated and associated states. eLife 10, e63288 https://doi.org/10.7554/eLife.63288

© 2021 The Author(s). Published by Portland Press Limited on behalf of the Biochemical Society1694

Biochemical Society Transactions (2021) 49 1685–1694
https://doi.org/10.1042/BST20201074

D
ow

nloaded from
 http://portlandpress.com

/biochem
soctrans/article-pdf/49/4/1685/919840/bst-2020-1074c.pdf by U

niversity of Alberta user on 01 June 2022

https://doi.org/10.1021/ja808776j
https://doi.org/10.1038/s41592-021-01081-y
https://doi.org/10.1038/s41592-021-01081-y
https://doi.org/10.1038/s41592-021-01081-y
https://doi.org/10.1038/s41592-021-01081-y
https://doi.org/10.1016/j.bbamem.2017.03.026
https://doi.org/10.1016/j.bbamem.2014.12.019
https://doi.org/10.1063/1.4902985
https://doi.org/10.1529/biophysj.104.056192
https://doi.org/10.1074/jbc.RA120.016423
https://doi.org/10.1038/nsmb.3138
https://doi.org/10.1016/j.bpj.2016.05.020
https://doi.org/10.1038/nature22354
https://doi.org/10.1039/C3CS60201J
https://doi.org/10.1073/pnas.1519626112
https://doi.org/10.1016/j.str.2020.01.001
https://doi.org/10.1021/acs.nanolett.0c03941
https://doi.org/10.1021/acs.nanolett.0c03941
https://doi.org/10.1021/acschembio.6b01085
https://doi.org/10.1038/ncomms12906
https://doi.org/10.1152/physrev.00021.2009
https://doi.org/10.3390/genes4030334
https://doi.org/10.3390/genes4030334
https://doi.org/10.1517/14728222.2011.538682
https://doi.org/10.1091/mbc.e16-01-0048
https://doi.org/10.1091/mbc.e16-01-0048
https://doi.org/10.1091/mbc.e16-01-0048
https://doi.org/10.1016/j.ccr.2009.04.009
https://doi.org/10.1038/ncomms8679
https://doi.org/10.1074/jbc.M114.558783
https://doi.org/10.1074/jbc.M114.558783
https://doi.org/10.1016/j.bpj.2009.11.008
https://doi.org/10.7554/eLife.36645
https://doi.org/10.1074/jbc.M115.676866
https://doi.org/10.1016/j.bpj.2017.12.029
https://doi.org/10.1056/NEJMra0707704
https://doi.org/10.1038/srep09198
https://doi.org/10.7554/eLife.17438
https://doi.org/10.7554/eLife.63288

	Single-molecule fluorescence vistas of how lipids regulate membrane proteins
	Abstract
	Cellular membranes are active solvents that contain lipid ligands that interact with membrane proteins
	Overview of single-molecule fluorescence methods
	smFRET allows understanding of KirBac1.1 closure induced by PIP2
	PIP2 promotes specific dimerization of receptor tyrosine kinases to stabilize the active conformation
	The dimerization into the native conformation of a transporter is determined by lipid defects
	Competing Interests
	Author Contributions
	Funding
	Abbreviation
	References


